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Variability in the growth patterns of the cornified
claw sheath among vertebrates: implications for
using biogeochemistry to study animal movement

Danielle M. Ethier, Christopher J. Kyle, T. Kurt Kyser, and Joseph J. Nocera

Abstract: We review the role of biogeochemical signatures, such as stable isotopes and trace elements, in the cornified
claw tissue as a means of studying movement and foraging behaviour of vertebrates because this approach is noninvasive
and can capture contemporary and historic signatures. Because biogeochemical techniques are still relatively new in stud-
ies of animal movement, we are only beginning to understand how the growth patterns of the cornified claw sheath may
affect our ability to interpret the biogeochemical signals in these tissues. To move towards resolving this, we review the
morphology of the epidermal cornified claw sheath in several taxa that illustrate substantial variation in growth patterns
both between taxa and between individual distinct claw regions. For instance, in mammalian claws, deposition of keratiniz-
ing cells from the epidermis is nonlinear because the claw tip is composed of old and new cornified epidermal cells,
whereas the cornified blade horn covering the claw’s lateral walls is deposited continuously and without assortment, pro-
viding unbroken time-series data. We also consider patterns of growth in mammalian hooves, as well as reptilian, avian,
and amphibian cornified claw sheaths, and address the need for expanded research in this field. We conclude this synthesis
by describing a noninvasive technique for monitoring growth rates in a model mammal, the American badger (Taxidea
taxus (Schreber, 1777)), and provide guidelines for future sampling of claw keratin, which will improve our ability to
back-calculate the time of biogeochemical integration into this tissue.

Résumé : Nous faisons une revue du role des signatures biogéochimiques, telles que les isotopes stables et les éléments
en traces, dans le tissu corné des griffes comme moyens d’étudier les déplacements et le comportement alimentaire chez
les vertébrés, puisqu’il s’agit d’'une méthodologie non invasive qui peut retenir des signatures actuelles et passées. Puisque
les techniques biogéochimiques sont d’usage relativement récent dans les études des déplacements animaux, nous com-
mengons tout juste a comprendre comment les patrons de croissance de 1’étui corné des griffes peuvent affecter notre capa-
cité a interpréter les signaux biogéochimiques dans ces tissus. Pour faire du progres dans ce domaine, nous passons en
revue la morphologie de 1’étui corné épidermique de la griffe chez divers taxons, ce qui révele une importante variation
dans les patrons de croissance, tant entre les taxons qu’entre les différentes régions distinctes de la griffe. Par exemple,
dans les griffes de mammiferes, la déposition des cellules kératinisantes par 1’épiderme ne se fait pas de facon linéaire
parce que la pointe de la griffe est composée de cellules épidermiques cornées anciennes et récentes, alors que la lame
cornée qui couvre les parois latérales de la griffe est déposée de maniére continue et sans assortiment, ce qui fournit une
série chronologique continue. Nous examinons aussi les patrons de croissance des sabots de mammifeéres et des étuis cor-
nés des griffes de reptiles, d’oiseaux et d’amphibiens. Nous terminons notre synthése en décrivant une technique non inva-
sive pour suivre les taux de croissance chez un mammifére modele, le blaireau d’Amérique (Taxidea taxus (Schreber,
1777)), et fournissant des régles pour 1’échantillonnage futur de la kératine des griffes, qui permettront d’améliorer notre
capacité de rétrocalculer le moment de I’intégration biogéochimique dans ce tissu.
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Introduction

Understanding movement and foraging behaviour of ani-
mals on a daily, seasonal, or annual basis is fundamental to
ecological, evolutionary, and conservation studies. Until re-
cently, studying animal movement required trapping and
tracking extrinsically marked individuals. These extrinsic
markers may be either passive (e.g., ear piercings, tattoos,
or bands), or active (e.g., radio or satellite transmitters).
Though these techniques have contributed to our under-
standing of movement, foraging behaviour, and habitat se-
lection, they are often burdened with low recovery rates,
high costs, and substantial logistical barriers (Webster et al.
2002). Recent technological advancements and new analyti-
cal techniques have allowed researchers to overcome some
of these obstacles. For instance, intrinsic markers, such as
biological (e.g., genetic) and biogeochemical (e.g., stable
isotopes and trace elements) signatures have become impor-
tant tools in studies of animal movement.

Stable isotopes and trace elements have begun to revolu-
tionize the way we approach and execute research in ecol-
ogy and behaviour. Chemical analysis of animal tissues can
provide valuable data on an animal’s location history, im-
proving our understanding of seasonal foraging behaviour,
dispersal, and habitat selection in species that have tradition-
ally been difficult to study. The chemical composition of
certain tissues reflects that of ingested food and water and
can therefore serve as an indicator of diet (e.g., see Ben-
David et al. 1997) and geographic origin (e.g., see Oppel
and Powell 2008). Different tissues turn over (i.e., are re-
newed through growth) at different rates and therefore re-
flect dietary and habitat information from different temporal
and spatial scales (Tieszen et al. 1983; Bearhop et al. 2003;
Rubenstein and Hobson 2004; Dalerum and Angerbjorn
2005). For example, some metabolically active tissues turn
over in a matter of hours or days (e.g., blood plasma or
liver), whereas other tissues can take several months (e.g.,
muscle) to several years (e.g., bone collagen) (Hobson et al.
1993; Chamberlain et al. 1997; Bearhop et al. 2002; Pearson
et al. 2003; Voigt et al. 2003). In metabolically inactive tis-
sues (e.g., teeth enamel, keratinized hair, feathers, and claw
sheaths), biogeochemical signatures remain unchanged fol-
lowing synthesis (Caumette et al. 2007), incorporating infor-
mation on habitat and foraging behaviour over the time the
tissue was synthesized (Hobson and Clark 1992; Chamber-
lain et al. 1997; Hobson and Wassenaar 1997; Bearhop et
al. 2002). There are several advantages of using keratinized
tissues for chemical analysis. Small samples can be taken
relatively noninvasively from living specimens (feather sam-
pling and claw clipping, e.g., Mazerolle and Hobson 2005),
allowing for serial sampling to provide temporal assessment
of chemical integration from the same individual and from
ecologically sensitive species with little demographic conse-
quence. Also, the chemical signatures in these metabolically
inactive tissues do not dilute over time (Caumette et al.
2007), thus analyses can be performed on tissues from ar-
chival specimens (Struck et al. 2002).

Recently, cornified claw capsules have been increasingly
used as a source of intrinsic markers for biogeochemical
analysis (Hobson et al. 1999; Kielland 2001; Struck et al.
2002; Bearhop et al. 2003, 2005; Mazerolle and Hobson
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2005; Belant et al. 2006; Clark et al. 2006; Hobson et al.
2006; Harrison et al. 2007a; DeVink et al. 2008; Fraser et
al. 2008; Hobson and Robbins 2009; Reudink et al. 2009).
Unlike feathers, claws are grown continuously, representing
an unbroken time series of ecological data (Fraser et al.
2008). The biogeochemical signature contained in claws can
be obtained either by examining the total isotopic or ele-
mental content of an excised portion (often the claw tip,
e.g., Mazerolle and Hobson 2005; Oppel and Powell 2008)
to determine the animal’s point of origin, or by examining
the isotopic or elemental content at points along the length
of the claw capsule in an attempt to track fine-scale shifts
in foraging behaviour and habitat use over time (e.g., Kiel-
land 2001; Belant et al. 2006; Harrison et al. 2007a; Fraser
et al. 2008); we hereafter refer to these approaches sepa-
rately as “claw tip sampling” and “time-series sampling”.
Regardless of the approach, it is important to note that the
exact time of chemical integration into claw keratin is often
difficult to determine, as rates and patterns of claw growth
are poorly described (Oppel and Powell 2008).

To further explore the advantages and disadvantages of
examining biogeochemical markers in claw keratin, we
(i) provide a review on the development of the cornified
claw sheath in several taxa (prenatal and postnatal),
(if) present a noninvasive technique for monitoring patterns
and rates of claw growth from a model mammalian species,
the American badger (Taxidea taxus (Schreber, 1777)), and
(iii) provide suggestions for improving claw sampling strat-
egies that will reduce the introduction of artefacts caused by
the mixing of keratin of different ages. We focus on mam-
mals because our understanding of biogeochemical signals
in their tissues is dramatically underdeveloped compared
with other taxa, such as birds. Our goal is to provide clarifi-
cation and guidelines for future sampling of claw keratin
that will enhance our ability to back-calculate the time of
biogeochemical integration into this tissue.

Growth patterns of the epidermal cornified
claw sheath

A typical vertebrate claw sheath is a hard keratinized and
cornified modification of the epidermis that protects the top,
sides, and tip of a digit, extending beyond the apex of the
underlying phalanx. A claw is a narrow, downward curving
structure common to many mammals, reptiles, birds, and
some amphibians. A claw is composed primarily of a thick
keratinous and cornified sheath, which is tightly associated
with the dermis, subcutis, and periosteum of the distal pha-
lanx. Claws can be manipulated by muscular actions and
function as sensory organs, weapons, and tools used for
scratching, digging, and holding (Chapman 1986; Hamrick
2003). Variability in claw morphology is likely related to
their functional evolution (Spearman and Hardy 1985).

The embryonic development of a claw is associated with
the growth of the terminal phalanx (Kato 1977; Alibardi
2008a), thus the shape and size of a claw capsule often re-
flect that of the underlying bone (Clark 1936). Mammalian
claw sheaths contain hard o-keratins and glycine—tyrosine-
rich or sulphur-rich keratin filament associated proteins,
whereas reptilian and avian claws contain S-keratins and as-
sociated proteins (Alibardi 2008b). The basic architecture of

Published by NRC Research Press



Ethier et al.

mammalian, avian, and reptilian claws is similar and con-
sists of two unequally developed keratinous parts: the dorsal
unguis (wall) and the ventral subunguis (sole). The unguis,
covering the dorsal and lateral surfaces of the claw, is
formed of tougher and more compact keratinized strata com-
pared with the ventral subunguis (Mercer 1961). The differ-
ent rates of growth and wear of these two parts maintains
the shape, functional efficiency, and sharpness of the claw
(Mercer 1961; Homberger et al. 2009).

Mammals

In mammalian claws, hard keratin contributes to the for-
mation of the unguis (i.e., the wall of the claw sheath) and
consists of six layers, as described in detail by Homberger
et al. (2009). The cells of the epidermal germinal matrix are
responsible for the generation of new epidermal cells, which
will cornify and thus form the growth of the claw sheath. If
the cornified claw sheath is mechanically detached using a
scalpel from the underlying dermis, an opaque pale pink
triangular-shaped area of living epidermis is visible, which
extends forward along the dorsal aspect of the distal phalanx
and marks the extent of the basal germinal (at the claw base,
often partially covered by a skin fold) and terminal matrices
(epidermis of the dorsal dermal papilla along the central
dorsal ridge) (Clark 1936; Fig. 1).

Two thin superficial layers of hard-cornified tissues (i.e.,
external coronary and proximal cone horn) originate from a
germinal matrix that surrounds the base of the claw or coro-
nary band: the basal germinal matrix (Fig. 1). These super-
ficial layers form a thin covering on the dorsal and lateral
surfaces of the claw and are thinned and eventually removed
by wear (Clark 1936; Homberger et al. 2009; Figs. 2, 3). A
soft-cornified perioplic horn is deposited by the epidermis
on the inner side of the unguicular pleat (skin fold) and
likely acts to protect the superficial layers as they form
(Homberger et al. 2009). The perioplic horn may be quickly
removed by abrasive forces once beyond the margins of the
unguicular pleat. The deeper keratinized layers are generated
from either the distal portion of the basal germinal matrix in
the coronary band or by the terminal matrix, which runs
along the dorsal dermal papilla (Clark 1936; Thorndike
1968; Kato 1977; Homberger et al. 2009; Fig. 1). This epi-
dermal terminal matrix generates keratinizing cells continu-
ously along the length of the dorsal ridge (Clark 1936; Kato
1977; Homberger et al. 2009), causing variation in the
dorsoventral thickness of the claw unguis as the number of
layers of cornified cells in the apical cone horn increase
from base to tip (Hamrick 1999; Fig. 2). The lateral walls
of the claw are formed of the thick blade horn and the thin-
ner underlying parietal horn. The blade horn is deposited by
the basal matrix on the distal margin of the coronary band
(Homberger et al. 2009). The parietal horn is produced by
the claw bed epidermis covering the phalanx, distal to the
coronary band (similar to the nail bed or hoof bed epider-
mis) (Figs. 1, 2). The epidermis covering the tip of the pha-
lanx also deposits the soft terminal horn, while the ventral
surface deposits the sole horn (subunguis), which is soft in
mammalian claws but hard in ungulate hoofs. Both of these
layers can be easily mechanically separated from the overly-
ing hard cornified layers using a scalpel.

In the fetal claws of domestic cats (Felis catus L., 1758),
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Fig. 1. Digital photograph of a disarticulated and dismantled distal
phalanx of a claw from a black bear (Ursus americanus) and the
associated dermal structures (cornified claw sheath removed with a
scalpel). The basal epidermal germinal matrix surrounds the dermis
of the coronary band at the claw base depositing the superficial ker-
atin layers (external coronary and proximal cone horn) proximally
and the thicker blade horn distally. The terminal matrix (living
epidermis) extends along the dermis of the central dorsal ridge and
deposits the apical cone horn. The epidermis covering the underly-
ing phalanx deposits the sole, parietal, terminal, and crest horn.

the terminal matrix extends distally from the coronary band,
along the dorsal ridge, comprising 46% of the total matrix
length (Kato 1977). The terminal matrix in a claw of a mar-
moset (Callithrix jacchus (L., 1758)) is small relative to the
basal matrix and comprises 19%-22% of the matrix length
(Clark 1936; Thorndike 1968). Mice and some neotropical
opossums have a highly reduced terminal matrix (Hamrick
2001, 2003). Clark (1936) noted that the three-dimensional
extent and shape of the epidermal germinal matrix could in-
fluence the shape of the claw sheath by influencing the rate
of keratinized cell proliferation from the epidermis. Morpho-
logical modifications in the length and diameter of the der-
mal papilla and flexibility or rigidity of the keratinized and
cornified cells together influence the shape of the claw
sheath (Siedamgrotzky 1871; Clark 1936). Our own mor-
phological observations support this assertion. Using a com-
pound microscope, we examined the disarticulated claws of
American badger (n = 10 claw) and black bear (Ursus amer-
icanus Pallas, 1780) (n = 4 claws). We noted that the thick-
ness of the cornified claw sheath increased with the three-
dimensional extent and thickness of the dorsal dermal pap-
illa. The dermal papilla in badger claws is visibly thicker
than in bear claws, resulting in a more highly developed ap-
ical cone horn, which likely facilitates their semi-fossorial
life style. This morphological variability in the structure of
the claw sheath resulting from differences in an animal’s
life history was also noted in some breeds of domestic dogs
(Canis lupus familiaris L., 1758) that frequently dig versus
those that do not (Siedamgrotzky 1871). The thickness of
the lateral walls (blade and parietal horn) of the claw cap-
sule remains constant throughout the length of the claw, as
keratin deposition in the lateral walls occurs predominantly
from the coronary band and less substantially from the epi-
dermis overlying the dermis of the phalanx.
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Fig. 2. Diagram of a sagitally sectioned and serial cross-sectioned mammalian claw depicting the nine keratinized layers. The soft kerati-
nized parts of the claw capsule are indicated with an asterisk and the extent of the underlying epidermal germinal matrix is depicted with a
broken line in the sagital section. Variation in the thickness of the apical cone horn and disappearance of the superficial keratinized layers
(i.e., perioplic, external coronary horn, and proximal cone horn) from the base to the tip are illustrated in the series of cross-sections. At the
tip of the claw, the terminal horn and crest horn are deposited by the underlying epidermis of the phalanx. Arrows indicate level and relative
angle of cross-section. Figure modified from Homberger et al. (2009) and reproduced with permission of J. Anat., vol. 214, issue 4, p. 638,

© 2009 John Wiley and Sons.
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Fig. 3. Photograph of the claws of an American badger (Taxidea
taxus) with soldering iron markings (arrows) following 40 days of
growth. The outward facing surface of the lateral wall and central
dorsal ridge were marked to document patterns of growth and
variability in growth rates.

Hooves are a keratinized epidermal derivative found in
ungulates. Hooves differ from a typical mammalian “claw”
in their morphology and growth, and are considered one of
the most complex and specialized digital end organs compa-
rable with avian feathers (Bragulla and Hirschberg 2003).

Tip

The hoof consists of three main parts, the wall, sole, and
frog (Fig. 4; Chapman 1986); the structural morphology of
the hoof is well described in the literature (see Pollitt 1994;
Pellmann 1995; Bragulla 1996; Henke 1997; Douglas and
Thomason 2000; Thomason et al. 2001; Bragulla and
Hirschberg 2003). At the base of the hoof is a periople or
perihoof (similar to the perioplic horn in claws), which is a
band of nonpigmented soft keratin. The perihoof protects the
developing wall horn and is removed by wear. Cornified
cells of the wall horn are produced by the epidermis cover-
ing a series of dermal papillae found in the coronary band at
the base of the hoof (Fig. 4). Tubules of hard keratin are de-
posited around the dermal papilla (Maierl and Bohmisch
2001), while a softer keratin fills the medulla space (Maierl
and Miilling 2004). The intertubular horn is of intermediate
hardness and holds the tubular wall horn together (Fig. 4;
Miilling et al. 1999). Because not every layer of wall horn
has the same starting point, the wall is very thin at the perio-
ple and only reaches its full thickness approximately 15 mm
from the top of the hoof. Therefore, the cornified layers of
cells are deposited in a linear fashion (like those in human
fingernails), but an offset is observed in the age of cornified
claw material from the outer (older) to the deeper (younger)
cornified layers (Harrison et al. 2007a).

Birds and reptiles
Patterns of claw growth in birds have received very little
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Fig. 4. Diagram of a sagitally sectioned hoof and schematic of horn production from the dermal papillae. The soft periople horn protects the
developing wall horn at the base of the hoof. The wall horn consists of three layers: hard tubular horn deposited around the dermal papillae;
a soft medulla horn that fills the medulla space; and an intertubular horn that fills the space surrounding the tubular wall horn. The cornified
layers of wall horn have staggered starting points along the length of the coronary band at the base of the claw, creating an offset in the age
of keratinized cells from the outer (older) in inner (younger) layers. Figure modified from Harrison et al. (2007a) and reproduced with
permisson of Rapid Commun. Mass Spectrom., vol. 21, issue 24, p. 3972, © 2007 John Wiley and Sons.
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empirical examination (Lucas and Stettenheim 1972; Spear-
man and Hardy 1985), although the process is thought to be
similar to those seen in reptiles (Alibardi 2008b). Claws in
birds and reptiles have an epidermal matrix zone (Maddin
et al. 2007), although the three-dimensional extent and shape
of this matrix still remains to be detailed. We were unable to
identify a distinct tissue corresponding to the dermis of the
basal or terminal matrix upon microscopic examination of
samples (n < 5 claws in all cases) of claws of Blue Jays
(Cyanocitta cristata (L., 1758)), American White Pelicans
(Pelecanus erythrorhynchos J.F. Gmelin, 1789), Canada
Geese (Branta canadensis (L., 1758)), and Common Map
Turtles (Graptemys geographica (Le Sueur, 1817)); the
claws were sectioned and disarticulated using a rotary saw
and scalpel and examined under a compound microscope.
The claw sheath thickness increased continuously in the dor-
sal, lateral, and ventral aspects of the claws of the American
White Pelican and Canada Goose, as keratinized cells accu-
mulate distally to the apex. A similar pattern of cell deposi-
tion is seen in reptile claws, as old and new keratinized cells
accumulate towards the tip (Alibardi 2008c; Maddin et al.
2007). These observations suggest the epidermal germinal
matrix, in at least some avian and reptilian claws, likely
covers the entire extent of the terminal phalanx. A superfi-
cial keratin layer (similar to the external coronary horn in
mammalian claws) is identifiable in both avian and reptilian
claws and can be removed mechanically with a scalpel.

Amphibians

Claws in nonamniotes are present in a few species of uro-
deles and anurans. They are formed of «-keratins with some
associated proteins (Alibardi 2008b). In contrast to amniotes,
amphibian claws lack a distinct matrix zone as seen in mam-

mals (Maddin et al. 2007) and keratinized cells are depos-
ited by the basal epidermal layer along the entire length of
the dermis overlying the phalanx (Maddin et al. 2007,
2009). Keratinized cells are pushed perpendicularly away
from the dermis during claw formation rather than moving
predominantly parallel towards the claw apex, as seen in
mammals and reptiles. This distinct difference in the pattern
of claw formation is indicative of an independent acquisition
of claws in these taxonomic lineages (Maddin et al. 2007).

Techniques for monitoring mammalian claw
growth

Hahn et al. (1986) developed a technique to noninvasively
monitor growth in hooves of cattle (Bos taurus L., 1758),
and we modified this technique to monitor growth in a
model clawed organism, American badgers. We monitored
growth rates of claws of two captive badgers, which were
held in a 16" x 36’ (4.88 m x 10.97 m) outdoor pen where
they could dig naturally. On 30 September 2009, we cap-
tured and immobilized the badgers following protocol ap-
proved by Trent University’s Animal Care Committee.
Using a soldering iron, we marked five (right digits #2, 3,
4, 5 and left digit #4) of their front claws within 3—6 mm of
the skin fold at the claw base (Fig. 3). The claws we
sampled were selected based on their similar morphology
and size, which facilitates comparisons both within and be-
tween animals. We burned the marks to a depth of approxi-
mately 0.5-1.0 mm, where total horn thickness in badger
claws varies from approximately 1.0-3.0 mm. Markings
were made on both the outward facing surface of the lateral
wall and central dorsal ridge to better document growth pat-
terns and within-claw variability in growth rates. Using a
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standardized protocol to reduce error, measurements to the
skin fold at the claw base were made to the nearest 0.1 mm
using callipers. On 9 November 2009, we again captured
and immobilized the badgers and measured the distance be-
tween the marks and the skin fold. We then calculated daily
growth rates (A length/A time) over a 40-day period. The
total length (mean + SD) of all monitored claws was 37.3 +
12.2 mm (when initially marked) and 40.64 + 4.8 (after
40 days). Growth rates did not vary substantially between
the dorsal ridge (0.262 + 0.08 mm/day; mean + SD) and lat-
eral wall (0.281 + 0.08 mm/day). Therefore, given the
growth rate and mean length of a claw, the complete re-
placement of the claw capsule in American badgers seems
to take approximately 130-140 days.

Stable carbon and nitrogen isotope marking (Harrison et
al. 2007b) and radioactive labelling (Pollitt 1990) have been
used to monitor the three-dimensional growth rates of
hooves of bovine and horse (Equus caballus L., 1758) and
to measure the offset in the cornified layers. The major dis-
advantage to the method is that the animals under study
must be euthanized to collect final results. We found marks
made with the soldering iron to be a suitable noninvasive
technique for use on captive mammals and could easily be
deployed on their wild counterparts.

Claws as biogeochemical indicators

Mammals

Because keratin is deposited along the length of the thick-
ened central dorsal aspect of mammalian claws through to
the tip (Fig. 2), these portions of the claw do not seem ap-
propriate for obtaining time-series biogeochemical data.
However, the blade horn keratin covering the lateral walls
of mammalian claws is likely more reliable for time-series
biogeochemical analysis than the central dorsal ridge or tip
of the claw, because the keratin forming the blade horn ap-
pears to be deposited exclusively by the basal germinal ma-
trix in the coronary band. Therefore, the outside wall of the
blade horn encapsulates an unbroken time series of ecologi-
cal data, uncomplicated by additional keratin layers depos-
ited along its length. Our investigation of growth rates of
badger claws indicates that replacement of the keratinized
claw capsule occurs in 4-4.5 months. The keratinized claw
capsules of domestic cats, which grow at a rate of 1.9 mm/
week, are replaced in 6-9 months (Verde 2005). Growth
rates of mammalian claws need to be better defined in wild
and domesticated animals to improve inferences from time-
series biogeochemical analyses, as it is very likely that
growth rates vary both intra- and inter-specifically owing to
differences in nutritional status, age, activity level, and func-
tion, although this assertion needs further empirical investi-
gation.

Growth rates of hooves in cattle can vary from 3.2 mm/
month (MacCallum et al. 2002) to 10.5 mm/month (Harrison
et al. 2007b), depending on the breed and type of confine-
ment. A substantial amount of research on variability in
growth rates of hooves also indicates that nutrition (Wheeler
1966; Greenough et al. 1972; Miilling et al. 1999), reproduc-
tive status (Hahn et al. 1978; Miilling et al. 1999; MacCal-
lum et al. 2002), season (Dowling and Nay 1960; Berman
and Volcani 1961; Prentice 1973; Adams 1974), genetics
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(Greenough et al. 1972; Glicken and Kendrick 1977; Gil-
more 1978), and age (Prentice 1973) can all influence the
rates of hoof growth and wear. Consideration must also be
given to the age of keratin (time since cells cornified) at dif-
ferent depths. An offset of 9.3-11.7 days/mm in depth has
been reported in bovine hooves (Harrison et al. 2007a).

Birds and reptiles

We were unable to identify a structure in bird or reptilian
claws that could unequivocally offer time-series data. Unlike
the lateral aspect of mammalian claws, the lateral walls of
avian and reptilian claws appear to increase in thickness dis-
tally, suggesting continuous keratin deposition towards the
claw tip. By assaying only the tip of a bird or reptile claw,
investigators are effectively homogenizing old and new ker-
atin that has been differentially deposited over an unknown
period, which may explain some of the problems identified
by Oppel and Powell (2008) in trying to use claw isotopes
to determine the migratory origin of King Eiders (Somateria
spectabilis (L., 1758)). Variability in growth rates of bird
claws shown by Bearhop et al. (2003) and Mazerolle and
Hobson (2005) also suggests that using data from one spe-
cies as a surrogate for those with an outward similarity may
be inadvisable, as birds, like other taxa, may experience var-
iable rates of claw growth coinciding with periods of fluctu-
ating energetic demands, such as breeding or migration.

Amphibians

Amphibian claws may present an underappreciated and
potentially valuable source tissue for time-series chemical
analysis, as growth is uncomplicated and is effectively linear
in a perpendicular plane. Thus, a cross-section of the claw
would consist of layers very similar to the rings of a tree.
How quickly keratin is deposited into these claws, however,
still remains to be detailed but could be determined in a lab-
oratory or field setting using claw-marking trials.

Conclusion

We have reviewed patterns of claw growth in several taxa
and demonstrated that there is substantial variability in
growth within regions of the claw and between species.
Therefore, linking biogeochemical signatures in the claw
with a time-series of the animal’s movement history can
only be accurate when we understand and account for pat-
terns of claw development and rates of claw growth in the
species under study. Though there has recently been a re-
newed interest in the study of claw development and pat-
terns of growth, particularly amongst veterinary scientists
(Hamrick 2001, 2003; Maddin et al. 2007, 2009; Alibardi
2008a, 2008b, 2008c; Homberger et al. 2009), most investi-
gations do not take place with biogeochemical applications
in mind. As a result, there has been a lack of relevant data
on patterns of claw growth that are directly applicable to
ecologists.

Claw keratin holds a great deal of promise for investiga-
tions of previous movement and foraging environments.
However, homogenization of old and new keratin layers at
the tip of bird and reptile claws, and the dorsal ridge and
tip of mammal claws is considerable. This characteristic has
important implications for studies using these tissues de-
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pending on the nature of the study and the questions being
asked. If the goal of an investigation using claw keratin is
to use claw tip sampling to assess a single point of origin
of an animal that is actively migrating (e.g., birds), then per-
haps the problems associated with keratin homogenization
are not yet relevant. However, if migration is protracted or
an animal has already reached its destination, then claws
may have grown to a point where keratin homogenization
would interfere with such an investigation and another tissue
source for isotopes should be considered (e.g., Oppel and
Powell 2008). In short, we urge caution in using claw tip
sampling to determine the origin of a migratory animal and
emphasize that the claw needs to be sampled very shortly
after migratory departure. We further advise against sam-
pling a claw tip from an individual that has resided for any
length of time at either the wintering or breeding grounds, as
keratin homogenization will influence the validity of the iso-
topic signal.

If an investigation seeks to gain time-series location data
from claws, then keratin homogenization presents a major
obstacle. Amphibian claws, ungulate hooves, and the lateral
portions of some mammal claws may be more reliable tem-
poral indicators of previous foraging environments, as their
growth appears to be fairly predictable once the growth rate
is known and offset considered (in the case of hooves). Us-
ing these portions of the claw would also allow for finer-
scale studies of movement during the life of individual ani-
mals. In all cases, there is a need for better documentation
of growth rates and keratin deposition through cell-labelling,
scanning electron microscopy, and three-dimensional recon-
struction based on X-ray computer tomography. Claw
growth is a complex and variable process, both between
and within taxa and warrants further attention prior to bio-
geochemical assay of these tissues.

While the application of biogeochemistry to ecological re-
search is further improved and developed, we make the ap-
peal that greater attention should be paid to the physiology
of the structures under study, as there are crucial gaps in
our foundational knowledge of anatomy and morphology.
Nonetheless, we should be encouraged by the significant po-
tential for biogeochemical techniques to continue to revolu-
tionize the way we approach and execute studies in ecology.
Despite the challenges presented here, the possibilities for
further novel and influential research are very exciting.
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